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C E L L  B I O L O G Y
Actin modulates shape and mechanics of  
tubular membranes
A. Allard1,2, M. Bouzid3, T. Betz4, C. Simon1, M. Abou-Ghali1, J. Lemière1, F. Valentino1, J. Manzi1, 
F. Brochard-Wyart1, K. Guevorkian1, J. Plastino1, M. Lenz3,5, C. Campillo2*, C. Sykes1*
The actin cytoskeleton shapes cells and also organizes internal membranous compartments. In particular, it inter-
acts with membranes for intracellular transport of material in mammalian cells, yeast, or plant cells. Tubular mem-
brane intermediates, pulled along microtubule tracks, are formed during this process and destabilize into vesicles. 
While the role of actin in tubule destabilization through scission is suggested, literature also provides examples of 
actin-mediated stabilization of membranous structures. To directly address this apparent contradiction, we mimic 
the geometry of tubular intermediates with preformed membrane tubes. The growth of an actin sleeve at the tube 
surface is monitored spatiotemporally. Depending on network cohesiveness, actin is able to entirely stabilize or 
locally maintain membrane tubes under pulling. On a single tube, thicker portions correlate with the presence of 
actin. These structures relax over several minutes and may provide enough time and curvature geometries for other 
proteins to act on tube stability.
INTRODUCTION
Membranes in cells are the boundaries of numerous internal com-
partments such as organelles and vesicles. These membranous struc-
tures constantly reorganize during intracellular trafficking, a process 
ensuring the targeted movement of substances in the cell interior. 
For example, flat membrane surfaces within the endoplasmic reticulum 
mature into highly curved cylinders and spheres (1). In particular, 
trafficking involves tubular intermediates pulled by molecular mo-
tors walking on microtubules (2). These dynamical rearrangements 
of membranes motivated the identification and the study of specialized 
proteins that bind to the membrane and directly act on its curvature 
(3–5). However, the orchestration of morphological changes needs 
pauses and shape stabilization processes that are often neglected (1).
Moreover, experiments on living cells show that the actin cyto-
skeleton is associated with tubular membrane intermediates. But how 
actin is involved in tube fate remains an open question (6, 7). An at-
tractive idea is that actin might play a role by applying physical forces 
and stresses, which could ultimately lead to tube scission. Alternatively, 
an actin layer could have a stabilizing effect on a membrane, as ob-
served in the maintenance of cisternae in the Golgi apparatus in cells 
(1) and when actin filaments are adsorbed on a liposome membrane 
in vitro (8). These hypotheses are difficult to address in the complex 
intracellular environment. Furthermore, the size of transport vesicles 
and width of membrane tubes, between ten to hundred nanometers, 
are comparable with the actin network meshsize. This questions 
whether actin polymerization could affect tube morphology.
Here, we isolate the role of the actin cytoskeleton on membrane 
tube morphology in a biomimetic assay made of a membrane tube 
at the surface of which we polymerize an actin network. The pre-
formed membrane tube is extruded from a liposome and held by an 
optically trapped bead. These tubes are stable under a nonzero point 
force  F = 2  √ 
_
 2 , where  is the membrane bending energy and  
is the membrane tension (9). An adapted microinjection system se-
quentially delivers the activator of actin polymerization targeted to 
the membrane, then actin monomers that polymerize on the tube 
surface. The actin network is branched through the actin related 
proteins 2/3 (Arp2/3) complex, thus mimicking the situation in cells 
(10, 11). We show here that, in the presence of an actin sleeve, a 
membrane tube can be stable even when the external pulling force 
vanishes. The membrane tube, surrounded by its actin sleeve, can be 
further pulled by the optical tweezer, at a force and a speed mimick-
ing the pulling of membrane tubes by molecular motors walking on 
microtubules (12).
The actin network, made of entangled actin branches, produces 
a variety of outcomes under pulling, which depend on the thickness 
of the actin sleeve around the membrane tube. At a sleeve thickness 
higher than a few hundreds of nanometers, the network is unable to 
disentangle, and a sheath of actin remains around the membrane 
tube that maintains its radius. We show that less than 1 min of network 
growth is enough to obtain a stabilization of the tubular structure of the 
membrane that is robust and lasts for tens of minutes. At smaller sleeve 
thicknesses, discontinuous regions appear, and smaller tube radii are 
observed in portions where the actin sleeve is absent. Therefore, we 
never observe actin-induced scission of these membrane tubes, but 
rather, actin provides a way of modulating the radius of tubes along 
their length.
RESULTS
Actin network growth around a membrane tube
We polymerize a branched actin network at the surface of a pre-
formed membrane tube through the activation of the Arp2/3 com-
plex. We use a histidine-tagged version of pVCA, the proline-rich 
domain–verprolin homology–central–acidic sequence from human 
Wiskott–Aldrich syndrome protein (WASP), to activate the Arp2/3 
complex (Materials and Methods). This pVCA binds to nickel 
lipids incorporated in the membrane and therefore activates actin 
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polymerization at the tube surface. This experimental system allows us 
to isolate the pure mechanical role of actin on membrane deforma-
tion and maintenance, independently of any proteins that are known 
to link lipids to actin polymerization activators in a more physiological 
context. Whereas additional proteins may impose an initial curva-
ture to the membrane and ease the deformation process, we recently 
showed that membrane deformations mimicking endocytosis and 
filopodia formation can be achieved exclusively by actin dynamics 
(13). In our experimental system and to avoid unnecessary actin 
polymerization in the solution, we provide actin monomers only once 
the membrane is activated for polymerization. The time at which actin 
polymerization starts on the membrane tube is rigorously controlled 
by proceeding sequentially as follows. First, the preformed fluorescent 
membrane tube, maintained by an optically trapped bead, is bathed in 
a solution containing the other necessary proteins [P-solution with 
the Arp2/3 complex, profilin, and capping protein (CP); Materials 
and Methods and Fig. 1A, a]. Second, pVCA is targeted to the mem-
brane by microinjection close to the tube; proper injection is moni-
tored by a sulforhodamine dye (Fig. 1A, b). Third, actin monomers are 
microinjected, and this moment sets the time (ti in Fig. 1A, c) at which 
actin polymerization starts around the tube. Actin becomes visible by 
fluorescence on the membrane after a few seconds (Fig. 1A, c) and 
continues to grow (fig. S1A). We could expect the presence of a radial 
stress exerted by the growing actin network in cylindrical geometry, 
which was observed and demonstrated in spherical geometry (14, 15). 
However, during actin polymerization and after, we observe no 
detectable decrease in tube lipid intensity under the sleeve, and there-
fore, no decrease in tube radius. After 2 min, a sleeve of actin is 
obtained around the membrane tube (Fig. 1A, d), whereas it fails to 
form when pVCA is omitted (fig. S1, compare B and C). We define 
this composite system of membrane tube sheathed with an actin 
sleeve as “membrane-and-actin-sleeve” (MaAS).
MaAS characteristics under pulling forces comparable 
to the cellular situation
To mimic tubular intermediates pulled by molecular motors walk-
ing on microtubules, we subject MaAS to elongation by moving the 
stage at a controlled speed of 0.5 to 4 m/s to reach tube lengths of 
15 to 30 m. We observe two cases. The first is an escape of the bead 
from the optical trap after a short MaAS elongation of less than 1 m. 
In this case, the MaAS, thereafter called “escaped MaAS,” retains its 
shape, indicating that the rigidity of the actin sleeve is strong enough 
to hold the bead in position even outside the trap (Fig. 1B). The tube 
does not retract, and this lasts for tens of minutes (fig. S2A). What we 
observe notably differs from a membrane tube in the absence of actin 
that would totally retract and reincorporate in the liposome within 
hundreds of milliseconds (16). In the second case, a MaAS continu-
ously elongates during stage displacement and is thereafter called 
“elongated MaAS” once the stage is stopped (Fig. 1C). Note that the 
actin sleeve in elongated MaAS might be discontinuous. We then ex-
plore whether the amount of actin in the sleeve may be different in 
these two cases.
Actin thickness imposes MaAS fate
We visualize lipids and actin by confocal microscopy and concomi-
tantly record the force F in the limit of 50 pN on the optically trapped 
bead (Materials and Methods). First, we quantify the amount of actin 
by measuring the total actin fluorescence intensity of MaAS before 
pulling, normalized by the membrane tube fluorescence (Materials 
and Methods). The actin content is clearly higher in escaped MaAS 
than in elongated MaAS (Fig. 2A). Second, force-elongation curves 
of escaped MaAS reveal a linear dependence of the force F as a func-
tion of the tube elongation ℓ (filled circles, Fig. 2B; Materials and 
Methods). Escaped MaAS therefore appear linearly elastic (F = kℓ), 
with an average spring constant k = 31 ± 6 pN/m. A linear force- 
extension curve is also observed for elongated MaAS and naked 
tubes with markedly lower slopes, respectively 0.38 ± 0.11 and 0.30 ± 
0.09 pN/m (Fig. 2B).
Escaped MaAS are robust elastic structures where the membrane 
tube remains under the sleeve. The membrane tube is held by the 
bead that is 3.05 m in diameter, much larger than the membrane 
tube diameter. Therefore, full tube retraction is retained by the bead 
and the presence of the actin sleeve. In these conditions, escaped 
MaAS behavior is dominated by the contribution of the actin network 
that elongates concomitantly with the membrane tube (fig. S2, B and 
C). The connection between the bead and the sleeve may occur 
through a strong connection to the membrane patch on the bead or 
through a nonspecific interaction between the actin and the bead. This 
is unlikely that membrane-sleeve friction could be responsible for this 
connection (see section S3). With this, the thickness of the actin sleeve 
can be estimated from the elastic spring constant k. The actin network 
elastic modulus E was measured previously in similar experimental 
conditions as 103 to 104 Pa (17). The spring constant k of the actin 
sleeve is related to the sleeve cross-sectional area S, MaAS length L, 
and E as k = ES/L. With L = 15 to 30 m and our experimental mea-
surement of k ≃ 31 pN/m, we find S = 0.05 to 0.9 µm2 that leads to a 
sleeve radius of  e =  √ 
_
 S /  ≃ 120 to 550 nm . Note that we neglect here 
the hollowness of the sleeve, which has a contribution to the section 
area that is one order of magnitude lower for a typical radius of 
25 nm in our experiments.
Simulation of a branched actin network under deformation
To account for the difference in MaAS fate depending on the actin 
content of the actin sleeve (Fig. 2A), we perform detailed molecular 
dynamics simulation of an entangled branched actin network under 
deformation [Supplementary Materials and (18–23)]. Physically, our 
experimental observations suggest that thin actin sleeves are less co-
hesive than their thicker counterparts and, thus, tend to fall apart to 
yield an elongated MaAS. Conversely, we reason that actin filaments 
in thicker sleeves are more extensively entangled, implying a more 
robust structure resulting in an escaped MaAS. To validate this pic-
ture and determine the minimal actin thickness required for an es-
caped MaAS, we apply a uniaxial quasi-static deformation along the 
x axis of simulated networks with different thicknesses (Fig. 2C). 
While internal local stresses remain low in thin networks, large and 
strongly heterogeneous stresses develop in thick networks, since en-
tangled filaments pull on one another to maintain network cohesion 
(Fig. 2C, compare bottom to top). Assuming an actin persistence 
length of 10 m (24, 25) and a network meshsize inferred from sim-
ulations, ℓmesh = 30 nm (26) in the same protein mix as here, we derive 
the corresponding force-extension curves for a whole cylindrical 
actin sleeve of inner radius 25 nm and variable thickness ℓz, which 
is shown in Fig. 2D. While all networks display an initial linear re-
sponse, in thin networks, the force peaks at a relatively modest value 
Ftear, following which the network looses its cohesion and the force 
decreases. By contrast, thick networks display much larger tearing 
forces Ftear. Figure 2E compares this tearing force to our maximum 
tweezing force of 50 pN (dashed line) for different values of network 
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thicknesses ℓz. For any sleeves whose tearing force exceeds the maximum 
tweezing force, the optical tweezer will give in before the sleeve 
does, and based on Fig. 2E, we thus predict that any sleeve thicker 
than ∼10 meshes results in an escaped MaAS, while a thinner sleeve 
yields an elongated MaAS. This corresponds to a critical sleeve radius 
of e ∼ 300 nm, consistent with our experimental estimate above.
This phase diagram reveals that the rigidity of the actin network 
increases almost exponentially as a function of the number of meshes. 
Our findings highlight that a small variation of the amount of actin, 
through a difference in a few units of meshes, displaces the system 
efficiently from a stable to an unstable state.
Morphology of elongated MaAS
A notable observation in elongated MaAS is that the membrane tube 
is continuously present, whereas the actin sleeve appears discontinuous 
(Fig. 3A). Higher actin fluorescence along the tube correlates with 
higher lipid fluorescence, revealing that a thicker membrane tube is 
present under stable actin sleeve regions (Fig. 3A). To quantify this 
effect, for each MaAS, we define the membrane tube radius rM where 
the actin signal is maximal, and rm where the actin signal is minimal 
(including equal to zero) along the tube (respectively “M” and “m” in 
Fig. 3A and fig. S3, A to C). With r0 the membrane tube radius before 
the MaAS is pulled, the relative variation of radius reads r/r0 = (rM − 
rm)/r0 and is obtained directly from lipid fluorescence intensities 
(Fig. 3A; fig. S3, A to C; and Materials and Methods). Moreover, 
elongating a MaAS reveals three different situations that are sketched 
in Fig.  3B: In two of them, the sleeve maintains roughly its initial 
length but sits either next to the bead (Fig. 3, A and B, a) or next to 
the liposome (Fig. 3B, b), and in the third situation, the actin sleeve 
extends together with the membrane tube (Fig. 3B, c). The heteroge-
neity along the tube, through the ratio r/r0, is close to zero before 
pulling (“Ref” condition; Fig.  3B) and increases when the MaAS is 
elongated, revealing the presence of radius heterogeneity along the tube 
(a, b, and c; Fig. 3B). According to our classification, this increase is 
Fig. 1. Effect of an actin sleeve on membrane tube stability. Lipids (magenta) and actin (green) are observed by spinning disk confocal imaging. (A and B) Left column: 
Scheme of each step toward MaAS formation. (A) (a) Preformed tube held by optical tweezer, (b) microinjection of pVCA in a sulforhodamine-B solution, (c) microinjection 
of monomeric actin at ti, and (d) the membrane tube is sheathed with an actin sleeve within 2 min. A quadrant photodiode (QPD) images the laser beam. (B) Escaped 
MaAS and (C) elongated MaAS before (top) and after (bottom) pulling; the white box indicates the location of the elongated MaAS. Scale bars, 10 m. Dashed crosses 
indicate bead center.
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significant for the b-type, where the actin sheath stays close to the 
liposome. Independently of the (a, b, and c) classification, the relative 
variation of radius increases in a high actin content situation (Fig. 3C).
Theoretical consideration of MaAS elongation
The increase in force necessary to obtain an elongated MaAS is pro-
portional to its elongation (Fig. 2B), and the proportionality factor 
is slightly higher for b-types (fig. S4A). This may be due to a hin-
drance of lipid flow under the actin sleeve that is higher in b-types 
than in a- and c-types. To account for this observation, we propose 
a model of force buildup assuming that lipids reaching the bare part 
of the tube are forced to go through the actin sleeve. As sketched in 
the inset in Fig. 3D, we model the bare section of the membrane 
tube as a cylinder of a length ℓ and radius rm, which both vary over 
the course of the tube extension, and the actin sleeve section has a 
fixed length L and a radius rM, which may also vary. The sleeve and 
the liposome are sheathed by actin, which binds to the membrane 
with an energy per area W > 0. W accounts for the resistance from 
the actin sheath to membrane thinning. This yields the following 
modified Helfrich energy function for the system (27)
  H = 2ℓ  r m (  ─ 2  r m 2 +  + W ) + 2  Lr M (  ─ 2  r M 2 +  ) (1)
where  is the bending rigidity of the membrane, and  is the ten-
sion of the liposome.
Initially, the bead is in close contact with the actin sleeve, implying 
that ℓ = 0, from which we deduce  r M,initial =  r 0 =  √ 
_
  / 2 from the min-
imization of H. We assume that the tube is pulled fast enough to pre-
vent any substantial flow of lipids from the liposome to the MaAS. In 
these conditions, ℓ increases under the constraint of constant area 
A = 2rmℓ + 2rML. This assumption is confirmed by the conserva-
tion of the tube surface during pulling for b-type MaAS (constant 
integrated fluorescence along the tube; fig. S4B). We, thus, minimize 
H with respect to rm and rM while fixing A for a given ℓ (Supplemen-
tary Materials). The resulting tube force reads F = dH/dℓ. For small 
values of W/, we thus obtain
  F =  2 ─  r 0  (1 + ℓ / L) (2)
Therefore, F increases linearly with ℓ, in agreement with the ob-
servations of Fig. 2B upon tube pulling (Supplemental Materials). 
Equation 2 implies an apparent spring constant k = dF/dℓ = 2/(r0L), 
and fitting this relation with our experimental measurements leads 
to  = 17 kBT (Fig. 3D) close to the bare membrane value of 12 kBT, 
where kBT is the thermal energy. We, thus, validate our assumption 
of lipid flow hindrance under the actin sleeve.
For the a- and c-type configurations of Fig. 3B and fig. S4A, the 
slope of the initial force elongation is lower and close to the one of 
naked tubes, consistent with our assumption that the contact be-
tween the sleeve and the tube is largely responsible for limiting the 
lipid flow to the MaAS.
This theoretical description allows us to estimate the difference 
in radii between the actin sleeve and bare tube sections, through a 
calculation to next order in W/, yielding
   r M −  r m  ─ r 0  =  
W ─2   
1 ─ 
 (1 + ℓ / L) 3 
(3)
In practice, this expression gives a good qualitative description of 
the ℓ dependence of the radius difference even for fairly large values 
of W/ ≃ 1 (Supplementary Materials). While comparing these pre-
dictions with our experimental measurements would, in principle, 
allow a determination of the actin binding energy to the membrane, 
we find in practice that these measurements do not yield a consistent 
value for W/, probably in part because the tension  of the vesicle is 
not controlled in our experiment (Supplementary Materials). As a 
result, rather than determining the specific value of W/, in the fol-
lowing, we place ourselves in the small W/ regime, which yields re-
sults qualitatively similar to the ones obtained at larger W/ (fig. S5).
Relaxation of elongated MaAS
When maintained for several minutes, we observe that lipid fluores-
cence homogenizes along the tube as a function of time in elongated 
Fig. 2. Actin sleeve thickness drives MaAS fate. (A and B) Escaped (filled circles; 
n = 8) and elongated (opened circles; n = 17) MaAS. Data are shown as means ± SD. 
(A) Quantification of actin fluorescence per lipid fluorescence depending on MaAS 
fate. P values are calculated using the t test. a.u., arbitrary unit. (B) Force-elongation 
curves for MaAS and a naked tube (light magenta filled circles; n = 15). The star sym-
bol indicates the length at which the MaAS escapes. (C) Snapshots of two branched 
actin network networks for different thicknesses ℓz (top ℓz = 10.5ℓmesh; bottom ℓz = 
5.5ℓmesh) under uniaxial deformation along the x axis. The two configurations corre-
spond to a deformation of ∼150%. Colors indicate the local longitudinal stress  ˆ   xx at 
the scale of a monomer, ranging from yellow for tension to white for compression. 
(D) Average force F extrapolated for a cylindrical sleeve with inner radius R0 = 25 nm and 
variable thickness ℓz, implying an outer radius R0 + ℓz as a function of the deforma-
tion ℓx/ℓx0 = (ℓx − ℓx0)/ℓx0, with ℓx0 the initial size, for different network thicknesses. 
Triangles indicate the maximum force Ftear that the network can bear before falling 
apart. (E) Phase diagram representing Ftear as a function of the gel thickness. The 
dashed black line shows the optically trapped bead force limit of about 50 pN. Actin 
sleeves larger than ∼10 meshsizes should, thus, display an escaped MaAS behavior.
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MaAS (dotted lines; Fig. 4, A and B), more visible in case b (Fig. 4B), 
where the heterogeneities are higher. Simultaneously, the force re-
laxes and mirrors radius relaxation (Fig. 4, C and D). The character-
istic time of force relaxation, estimated through an exponential fit, 
is longer for elongated MaAS than for naked tubes (Fig. 4E).
During the initial rapid pulling step, the membrane becomes tenser 
and thinner than would be the case for a pure membrane tube. This 
results in the force increase of Eq. 2 for b-type. As the bead is held in 
position, relaxation occurs through lipids slowly flowing from the 
liposome toward the MaAS. The decrease in lipid mobility in a mem-
brane tube in the presence of an actin sleeve is confirmed by fluores-
cence recovery after photobleaching (FRAP) experiments [fig. S6, 
Supplementary Materials, and (28)]. By balancing the membrane 
forces driving this flow with the dissipation due to the friction of a 
membrane of viscosity  against a density  of actin attachment points, 
we compute the force relaxation dynamics to lowest order in W/ as
  F =  2 ─  r 0   [ 1 −  ℓ(2L + ℓ) ─ (L + ℓ) 2   e −t/ ] 
−1/2
 (4)
where the relaxation time is given by (Supplementary Materials)
   =  L(L + ℓ )  r 0 
2
 ─  (5)
The fit of our data using Eqs. 4 and 5 leads us to derive  = (3 ± 
1) × 106 Pa · s/m (n = 4 b-types). By assuming we saturate all the binders, 
we can estimate in our experiment  = 1015 m−2 (29, 30), which leads to 
 = 3 ± 1 × 10−9 Pa · s · m close to previously published estimate  = 
10−8 Pa · s · m (31, 32).
Therefore, elongated MaAS relaxation can be explained by the 
friction of lipids under the actin sleeve for b cases. For cases c, the 
friction is lower, and therefore, the relaxation time is much smaller 
and close to the one of naked tubes.
Elongated MaAS retraction
When the trap is turned off, we observe either partial or complete 
retraction (Fig. 5). Partial retraction ends up with the presence of an 
actin sleeve in between the bead and the liposome, and its character-
istic retraction time is 1.3 ± 0.3 s (n = 10; Fig. 5A and open circles in 
Fig. 5, C and D). Total retraction ends up with the bead at the lipo-
some surface within a time that is smaller than 0.39 ± 0.10 s (n = 7; 
crosses in Fig. 5, C and D), similar to when pVCA is omitted (Fig. 5B 
and gray filled circles in Fig. 5C). Regions of membrane tubes devoid 
of actin in elongated MaAS noticeably thicken when the MaAS re-
tracts, whereas they remain intact under the sleeve (arrowheads; Fig. 5A). 
Note that such a situation of a MaAS at zero force provides an even 
larger range of tube radii than when the tube is under force.
Actin network in all MaAS types
All three MaAS types presented above are gathered in a diagram with 
their corresponding actin and lipid fluorescence intensities and re-
veal distinct regions depending on their types (see sectors or bands 
respectively in Fig. 5E or inset). We find that for a given tube radius, 
the amount of actin determines MaAS fate: Escaped MaAS occurs at 
the highest actin content that corresponds to highly entangled networks 
[Figs. 5E (filled circles) and 2C (top)], and elongated MaAS separate 
in two sectors depending on their retraction fate (emptied circles and 
crosses in Fig. 5E). Note that thin tubes (lipid intensity low) cannot pro-
vide any sufficient support for the growth of an actin sleeve (empty 
Fig. 3. Membrane tube radius in elongated MaAS. (A) Representative confocal 
images before pulling for reference (top) and after elongation (bottom). Magenta 
and green correspond respectively to lipid and actin. The lipid image is displaced 
in the white rectangle right below the actin image for clarity. M and m regions are 
respectively defined as maximal and minimal actin intensity regions of the elongated 
MaAS (bottom) or before pulling (top). Graphs represent lipid and actin intensities 
along the elongated MaAS. Scale bar, 10 m. Dashed crosses indicate bead center. 
(B and C) Relative difference in membrane tube radius between M and m regions 
defined in (A). (B) Values corresponding to classification schemed on the left (a, b, 
and c). (C) “High actin” and “Low actin” refer respectively to actin content of elon-
gated MaAS above and below average in Fig. 2A; reference condition (Ref) is before 
pulling. Lines connect same MaAS before and after elongation. (D) Proportionality 
factor of force-elongation curve, for b-type MaAS, as a function of (L × r0)−1. In the 
inset, parameters used for theoretical description of b-type MaAS. Data are shown 
as means ± SD in (B) and (C). P values calculated using t test. **P < 0.01.
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sector zone top left corner; Fig. 5E), as their radius are too small to 
authorize correct building and growth of the actin network. Consider-
ing that we saturate nickel lipid sites with pVCA, the concentration 
of activators of polymerization at the surface of tubes is equal to the 
concentration of nickel lipids and therefore proportional to the lipid 
intensity Ilipid. Besides, we assume that the quantity of actin Iactin in 
the sleeve is proportional to the quantity of activators. Hence, the ratio 
Iactin/Ilipid depends on the sleeve thickness and varies between sectors in 
Fig. 5E (or bands in inset), depending on the nature of MaAS (escaped, 
elongated, partial, or total retraction).
We take our estimates above for the sleeve radius in escaped MaAS 
(10 meshsizes; Fig. 2B) and matching it to the escaped MaAS sector 
Fig. 4. Elongated MaAS relaxation. (A and B) Representative confocal images of relaxing elongated MaAS (images every 30 s). Scale bars, 10 m. Dashed crosses indicate 
bead center. Dotted lines follow lipid fluorescence relaxation. (C and D) Corresponding curves as a function of time for length, force, and relative membrane tube radii 
associated with m and M regions defined in Fig. 3A and Materials and Methods. Time 0 corresponds to the start of MaAS pulling. In red, the fitting curve from Eq. 4 using 
experimental values ℓ = 26.5 m and L = 22.1 m. (E) Relaxation time of the force for elongated MaAS and naked tubes, using an exponential decay (Materials and Methods). 
Black filled circles point b-type MaAS. P values calculated using t test. *P < 0.05.
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(Fig. 5E). Then, we infer sleeve radius for elongated MaAS from the 
slopes of the lines delimiting the corresponding sectors. We find that 
elongated MaAS partially retracted display a sleeve of thickness in the 
45- to 120-nm range (two to four meshsizes) and that totally retracted 
elongated MaAS display actin sleeves of less than 45 nm (∼2 meshsizes).
This experimental diagram summarizes that a sleeve thickness, 
estimated to 10 meshsizes (inferred from simulation data) (26), is 
enough to stabilize membrane tubes, whereas 2 to 10 meshsizes only 
partially stabilize them. MaAS behave like naked tubes below two 
meshsizes. Therefore, stabilization of membrane tubes is highly sen-
sitive to the number of meshes. Experiments, concomitantly with 
previous simulations (26), highlight the importance of the cohesion 
of the actin network around a membrane tube.
DISCUSSION
In summary, MaAS diversity can be explained by the thickness of their 
actin sleeve. Either they are totally cohesive by filament entanglement 
and their behavior is controlled by the actin network elasticity, or 
they are extensible because actin filaments disentangle massively.
The role of actin in the morphology of intracellular membranes 
during trafficking or shaping the endoplasmic reticulum has been 
questioned in the last decade (1, 4). The impressive ability of actin 
dynamics to change rapidly the shape of membranes (13, 33–36) nat-
urally points to a similar role in membrane reorganization during traf-
ficking. However, we show here unambiguously that a branched actin 
network grown through the Arp2/3 complex activated at the mem-
brane surface has a stabilizing effect on the shape of the membrane 
tube rather than works as a scissionner. This stabilizing mechanism 
is highly sensitive to a small variation in the amount of actin that builds 
the sleeve network.
When tubes surrounded by an actin sleeve are submitted to a pull-
ing force, mimicking what happens during intracellular trafficking, 
the actin sleeve fragments, providing the formation of sections of dif-
ferent radii along a single tube. Thereby, some portions of membrane 
tubes get thinner under force, whereas they get thicker when the force 
vanishes. Such a mechanism allows a membrane tube to provide por-
tions of different radii along its length. The morphology of membrane 
tubes and their stability are therefore fine-tuned by actin. This could 
explain the localization of specialized proteins such as BAR (Bin/
Amphiphysin/Rvs) domain proteins that detect curvature for scission 
(37) or dynamin that actively squeezes tubes in a curvature-dependent 
fashion (38). Moreover, portions of membrane tubes of different 
radii are connected by neck structures that may further serve for 
mechanisms of membrane reorganization.
Whereas the actin network meshsize is very close to the radius of 
tubular intermediates in trafficking and membrane tubes in our ex-
periments, the number of meshes, above two, is what counts to 
obtain a membrane tube with a variety of radii. Note that a totally 
stabilizing network of 10 meshes is formed in a few seconds, consistent 
with the characteristic time of tubular intermediate morphology changes 
in cells (7). An additional role of actin, demonstrated here for mem-
brane tubes, is that it hinders lipid mobility, a mechanism proposed 
earlier to promote tube scission (39).
Fig. 5. Elongated MaAS retraction. (A and B) Time lapse overlay images after the trap is turned off for an elongated MaAS (A) and control (pVCA microinjection is omit-
ted) (B). Arrowheads indicate regions devoid of actin that get thicker during retraction. Scale bars, 10 m. Dashed crosses indicate bead center. (C to E) Empty circle, 
partially retracted; crosses, totally retracted. (C) Tube length as a function of time after the trap is turned off for elongated MaAS or when pVCA is omitted (gray filled cir-
cles). (D) Retraction time as a function of actin content. (E) Actin fluorescence as a function of lipid fluorescence. Full circles are escaped MaAS. Dotted lines separate 
sectors. We use the orthogonal residue method, where we minimize the orthogonal distance between data and the linear regression to approximate sector separations. 
Elongated MaAS are in the green region, and escaped MaAS are in the orange region. Totally and partially retracted MaAS are separated in sectors inside the green region. 
Inset: Log-log representation, previous triangular sections then become bands here.
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MATERIALS AND METHODS
Buffer solutions
Chemicals were purchased from Sigma-Aldrich unless specified other-
wise. The internal buffer (TPI) consisted of 2 mM tris and 200 mM 
sucrose. The external buffer (TPE), where the polymerization occurred, 
contained 1 mM tris, 50 mM KCl, 2 mM MgCl2, 0.1 mM dithiothreitol 
(DTT), 2 mM adenosine 5′-triphosphate (ATP), -casein (0.02 g/liter), 
and 95 mM sucrose. TPEinj, limiting actin polymerization inside the 
micropipette, consisted of 1 mM tris, 1 mM MgCl2, 0.1 mM DTT, 
-casein (0.02 g/liter), and 195 mM sucrose. TPA, a high-osmolarity 
buffer, contained 1 mM tris, 1 mM MgCl2, 0.1 mM DTT, -casein 
(0.02 g/liter), and 395 mM sucrose. All buffers were adjusted at pH 7.4, 
and their osmolarity was set at 200 mosmol/kg (400 mosmol/kg for 
TPA). Osmolarities were measured with a vapor pressure osmometer 
(Vapro 5600, Wescor, USA). G-buffer, to obtain monomeric actin, was 
composed of 2 mM tris, 0.2 mM CaCl2, 0.2 mM DTT, and 0.2 mM 
ATP (pH 8.0).
Preparation of liposomes
Lipids stocks EPC (l--phosphatidylcholine from egg yolk), DS-PE-
PEG(2000)-biotin (1,2-distearoyl-sn-glycero-3-phosphoethanolamine-N 
[biotinyl-(polyethylene glycol) 200]), and 18:1 DGS-NTA(Ni) (1,2- 
dioleoyl-sn-glycero-3-[(N-(5-amino-1-car-boxypentyl) iminodiacetic 
acid)succinyl]) were purchased from Avanti Polar Lipids (Alabaster, USA). 
Texas Red DHPE (1,2-dihexadecanoyl-sn-glycero-3-phosphoethanolamine, 
triethylammonium salt) was obtained from Thermo Fisher Scientific 
(Waltham, USA). All stocks were aliquoted in chloroform/methanol 
at volume ratio 5/3.
Liposomes were formed using the standard electroformation meth-
od (40). The lipid mix (molar ratio EPC/DGS-Ni/DSPE-PEG-biotin/
Texas Red DHPE of 89.4/10/0.1/0.5) was dissolved at 2.5 g/liter in 
chloroform/methanol at volume ratio 5/3. A volume of 5 l of this 
solution was spread on an indium tin oxide (ITO)–coated glass slide 
(63691610PAK; Sigma-Aldrich, Germany). The film of lipids was 
dried in vacuum for 2 hours. Then, the films of lipid were hydrated 
with TPI by assembling the two conductive slides facing each other into 
a chamber sealed with Vitrex (Vitrex Medical A/S, Denmark). An os-
cillating electric field (10 Hz, 3 V peak to peak) was applied across the 
chamber during 2 hours. Liposomes were stored at 4°C for up to 2 weeks.
Proteins and reagents
-Actin purified from rabbit skeletal muscle and porcine Arp2/3 com-
plex were purchased from Cytoskeleton (Denver, USA). Fluorescent 
Alexa Fluor 488 actin conjugate (actin-488) was purchased from Mo-
lecular Probes (Eugene, USA). Mouse 12 CP was purified as de-
scribed elsewhere (41). His-pVCA-GST (pVCA; starting at amino 
acid Gln150) was purified as for PRD-VCA-WAVE (42). Recombinant 
untagged human profilin produced in bacteria was purified as in (34). 
A solution of 30 M monomeric actin containing 15% of labeled actin- 
488 was obtained by incubating the actin solution in G-buffer over 
2 days at 4°C. Commercial proteins were used with no further purifi-
cation, and all concentrations were checked by a Bradford assay.
Optical tweezer, image acquisition, and tube pulling
As previously described (43), we used a system that allowed us to 
simultaneously measure forces with the optical tweezer and record 
images with a spinning disk confocal microscope (CSU-X1 Yokoga-
wa; Andor Technology, Ireland) and by a high-resolution sCMOS 
(scientific complementary metal-oxide semiconductor) camera (Andor 
Neo, Ireland). The optical tweezer were based on an infrared laser 
( = 1064 nm, P = 5 W; YLM-5-LP-SC, IPG Laser, Germany) con-
trolled by an XY acousto-optic deflector (AOD) pair (MT80-A1 
51,064 nm; AA Opto Electronic, France). A water immersion objective 
(PLAN APO VC 60× A/1.2WI IFN 25 DIC N2; Nikon, Japan) was 
used for imagery.
To pull a membrane tube, a streptavidin-coated polystyrene bead 
(3.05-m diameter, streptavidin coated; Spherotech, Illinois, USA), 
which served as a handle to maintain the tube, was first trapped opti-
cally. A biotinylated liposome, slightly adherent to the bottom surface 
of the chamber, was then attached to the bead. By moving away the 
stage at a constant speed, a tube formed between the liposome and 
the bead. The position of the bead relative to the trap center was re-
corded on the basis of the back focal plane technique (44). We re-
corded the interference signal between the unscattered laser light and 
the light scattered by the bead, imaged on a quadrant photodiode (QPD; 
PDQ-30-C, Thorlabs, Germany) placed on the optical path. After proper 
calibration, the voltage from the QPD was proportional to the bead dis-
placement. Trap stiffness ktrap was deduced from the power spectrum 
of the bead fluctuations around the center of the trap. We find ktrap = 
58.4 ± 2.3 pN/m over 25 independent experiments. Together, cali-
brations of the QPD and the trap stiffness provided force measure-
ments from the bead displacement in the trap.
Last, the chamber was mounted on a two-dimensional piezo stage 
(MS-2000; ASI, USA) that controls its positioning and allows its dis-
placement at a controlled velocity. The tube elongation ℓ was exper-
imentally calculated from the known speed v of the stage and the 
position x of the bead with respect to the trap center. Then, during 
elongation, vt = ℓ + x, where x = FQPD/ktrap is the relative bead dis-
placement in the trap. Last, tube elongation yielded ℓ = vt − FQPD/ktrap.
Chamber and micropipette preparation
Before experiments, we sonicated glass coverslips (0.13 to 0.16 mm; 
Menzel Gläze, Australia) in 2-propanol for 5 min, extensively rinsed 
with water, and dried under filtrated compressed air. Then, the glass 
surface was activated by a plasma cleaner (PDC-32G; Harrick Plasma, 
USA) during 2 min, followed by a 30-min passivation using PLL(20)-
g[3.5]-PEG(2) (0.1 g/liter; SuSos, Switzerland) in a 10 mM Hepes 
solution (pH 7.4). The experimental chamber was made of two glass 
coverslips separated by a 1-mm steel spacer. The chamber was filled 
with a 100-l polymerization mix (P solution) in TPE containing 3 M 
profilin, 37 nM Arp2/3 complex, 25 nM CP, 2 l of liposomes in TPI, 
and 1 l of polystyrene beads diluted 100 times in TPE.
Micropipettes were prepared from borosilicate capillaries [0.7 mm/ 
1.0 mm for inner/outer diameter (ID/OD); Harvard Apparatus, USA], 
using a puller (P2000, Sutter Instrument, USA) with parameters pre-
viously described in (43). Micropipette tips were then microforged 
(MF-830, Narishige, Japan) to an internal diameter of 10 m. Micro-
pipettes were filled by aspirating 1 l of the desired solution. Mineral 
oil was filled on the other side of the micropipette using a MicroFil 
(250 m; ID, 350 m; OD, 97 mm long; World Precision Instruments, 
UK). We prepared two micropipettes: the first one contained 2 M 
pVCA, sulforhodamine-B (0.01 g/liter; to monitor the microinjection), 
in TPE; and the second one contained 3 M actin-488 and 3 M profilin, 
in TPEinj, adjusted to the osmolarity of 200 mosmol/kg with TPA.
Note that profilin was present in the actin microinjection pipette 
and in the P solution, so that actin polymerization was prevented in 
the micropipette and in solution and occurred only at the membrane 
surface. Each micropipette was set up into the chamber, one on each 
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side connected to two separated reservoirs to control the injection 
pressure. The chamber was sealed on each side by adding mineral 
oil to block evaporation over the time of the experiment.
Fluorescence intensity
We defined a box centered around the tube, the height of which was 
kept at 50 pixels corresponding to 6.9 m (fig. S3, A to C). The back-
ground fluorescence per pixel along the x axis was taken on the first 
pixel row at the top of the box and was subtracted to each box pixel. 
We then determined the intensity of the lipid, ilip(x), and the inten-
sity of actin, iact(x), as the total fluorescence intensity along the ver-
tical y axis (fig. S3B). The actin (resp. lipid) fluorescence was then 
defined as the average of the intensity along the variable x, 〈iact(x)〉x 
[resp. 〈ilip(x)〉x]. The actin fluorescence per lipid fluorescence was 
determined as the ratio 〈iact(x)〉x/〈ilip(x)〉x. Local intensities of actin 
or lipid [Iact(X) and Ilip(X), respectively] were sliding averaged as de-
fined in fig. S3C.
The membrane tube radius was proportional to the number of 
fluorescently labeled lipids as described in (45) and shown in fig. S3D. 
To quantify heterogeneities along a membrane tube, after elongation, 
we define relative variation of radii along a tube, compared to the 
initial radius, as the relative variation of lipid fluorescence, compared 
to the initial lipid fluorescence:  r / r 0 =   I lip / I lip,0 = ( I lip m −  I lip M ) / i lip,0 , 
where the superscripts m and M respectively refer to the region where 
actin intensity is minimal (resp. maximal). When the lipid tube is ho-
mogeneous, Ilip is not only centered around zero but can also have 
negative values due to our definition of m and M from the actin signal 
(fig. S3, A to C).
Characteristic relaxation and retraction times
At the end of elongation, force relaxation was fitted by a first-order 
decreasing exponential: F(t) = A exp ( − t/rel) + Ffin, where Ffin is the 
final value of the force. The maximal force after elongation is given 
by Fmax = A + Ffin.
During retraction after the laser was turned off, we determined 
the tube length ℓ over time t by manual tracking using ImageJ. The 
characteristic retraction time ret was determined by the fit L(t) = 
a exp ( − t/ret) + Lfin. We defined that there were partial retraction if 
Lfin were higher than 2 m.
Statistical analysis
Results are represented as mean ± SEM. Graphs show the mean ± SD. 
All statistical analyses are performed using MedCalc software. A t test 
was used to determine the statistical significance, and P values are indi-
cated (n.s., nonsignificant; *P < 0.05, **P < 0.01, and ***P < 0.001).
SUPPLEMENTARY MATERIALS
Supplementary material for this article is available at http://advances.sciencemag.org/cgi/
content/full/6/17/eaaz3050/DC1
View/request a protocol for this paper from Bio-protocol.
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